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Shell-boring polychaetes are responsible for economic losses on oyster farms around the world, including in
Washington State, where these pests were officially reported for the first time in 2017. After burrowing into their
host’s shell, the polychaetes cause oysters to deposit layers of nacre to isolate the parasite from the oyster’s
tissues. This creates unsightly blisters that are packed with mud and feces. Burrows and blisters cannot be
reversed, but worms within burrows and blisters can be killed, which may reduce the overall burden of parasite
infestation on a farm and prevent future burrows and blisters from developing. Treatments for these polychaetes
have been tested in other world regions, and we wanted to determine whether these treatments would work for
infested Pacific oysters raised in Washington State. We collaborated with local shellfish growers to develop three
treatments that could be practically deployed on Washington State oyster farms: drying, a freshwater dip plus
drying, and drying with refrigeration. We quantified the extent to which each treatment killed worms, affected
oyster physiology, and killed oysters. Experiments were conducted in fall and spring to evaluate seasonal dif
ferences. Our results showed that drying and using a freshwater dip plus drying for two days are both highly
effective (>95%) at killing worms without negatively impacting oyster survival (4% mortality in the drying
treatment in the spring, 0% mortality in all other treatment–season combinations). Use of these treatments on
affected farms may help to mitigate the potential effects of shell-boring polychaetes on oyster product value, thus
avoiding economic losses.

1. Introduction
Shell-boring polychaetes are pervasive aquaculture pests found on
shellfish farms worldwide (Loosanoff and Engle, 1943; Radashevsky
et al., 2006; Diez et al., 2011; Read, 2010; Martinelli et al., 2020; SatoOkoshi et al., 2012; Simon, 2011; Simon and Sato-Okoshi, 2015; Walker,
2011; Waser et al., 2020). The term is commonly used to refer to marine
polychaetes in the family Spionidae, including the genera Polydora,
Dipolydora, Boccardia, and Boccardiella (Blake and Evans, 1973; BaileyBrock, 2000; Lunz, 1941; Lunz Jr, 1940; Sato-Okoshi et al., 2017, 2012;
Simon, 2011; Simon and Sato-Okoshi, 2015). Some species within these
genera are parasitic and have the ability to burrow or bore into a mollusc
host’s shell; these include Polydora websteri, Polydora hoplura, Boccardia
proboscidea, and Dipolydora socialis, among others (Bailey Brock and
Ringwood, 1982; Bailey-Brock, 2000; Blake and Evans, 1973; Loosanoff
and Engle, 1943; Morse et al., 2015; Read, 2010; Rodewald et al., 2021;

Sato-Okoshi et al., 2017, 2012; Simon, 2011; Simon et al., 2006; Walker,
2011). These parasitic polychaetes are thought to use a mucus acid
(Haigler, 1969; Lunz, 1941; Zottoli and Carriker, 1974) to dissolve the
host’s shell and create burrows. Burrows differ in morphology among
species (Blake and Evans, 1973), but in general are U-shaped with two
openings to the outside, which the parasite uses to filter feed and release
waste (Blake and Evans, 1973; Lunz, 1941; Whitelegge, 1890). As worms
grow, they occupy more space in their hosts’ shell (see Spencer et al.,
2021 for a recent review of worm life history, Fig. 1). In response, the
host deposits layers of nacre to cover and isolate the parasite from its
visceral mass, creating what are known as mud blisters (Haigler, 1969;
Lunz, 1941). These blisters are pockets filled with detritus and feces
accumulated by the polychaete pests (Lunz, 1941; Whitelegge, 1890;
Zottoli and Carriker, 1974, Fig. 2). In addition to aesthetic impacts of
shell-boring worms on oysters, the parasites can also compromise
bivalve growth, survival, and shell strength (Kent, 1981; Bergman et al.,
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have ever been tested in the Pacific Northwest, because these pests had
not been identified as an issue in the region until recently (Martinelli
et al., 2020). Therefore, developing solutions to control and manage this
pest is an important priority for the US West coast, and for the health of
the United States’ shellfish aquaculture industry.
Oyster farmers and shellfish growers from regions historically
affected by shell-boring polychaetes have been applying farm manage
ment strategies to control and prevent infestations since the early 1900s
(Bailey Brock and Ringwood, 1982; Morse et al., 2015; Nel et al., 1996;
Whitelegge, 1890, Spencer et al., 2021). Many of these approaches
involve growing oysters at higher tidal elevations to keep them free of
mud and silt and to expose them to air (Handley and Bergquist, 1997;
Morse et al., 2015; Whitelegge, 1890). Growing methods that involve
placing oysters in bags raised off the bottom and out of the water during
a low tide tidal cycle, such as flip bags, can also reduce infestation rates,
especially when mud worm larvae are settling and not yet protected
inside the host’s shell (Morse et al., 2015). The timing of pelagic worm
larvae settlement, which varies by region and environmental conditions
(e.g., temperature; Cole et al., 2020; Handley and Bergquist, 1997), is
not known for Washington State. In addition to these seasonal farm
management treatments, a variety of more targeted treatments have
been developed to kill the worms in infested oysters (Supplementary
Table S1, Spencer et al., 2021). The most successful treatment to date in
regions outside of Washington is the ‘Super Salty Slush Puppy’ (SSSP,
Cox et al., 2012). This method involves submerging oysters for two
minutes in a very cold (− 10 ◦ C to − 30 ◦ C) saturated saline brine solu
tion. While extremely effective (up to 95% of worms killed), using SSSP
is not logistically feasible at Washington State farms because it requires
the acquisition and transport of large amounts of ice. Similarly, heat
shock has proven to effectively kill shell-boring polychaetes in other
regions (Nel et al., 1996), but the application of heat was deemed
impractical by our industry partners, so we did not include it in our
study. Given these logistical challenges, we collaborated with Wash
ington oyster farmers to co-create solutions, seeking options that have
proven effective in other oyster-growing regions and that can also be
feasibly implemented on Washington farms.
After identifying a suite of potentially effective, logistically feasible
treatments, we sought to apply these treatments to infested oysters and
evaluate the extent to which each treatment: (1) killed worms, (2)
impacted oyster physiology in the short-term and growth in the longterm, and (3) killed oysters. Since the taxonomy of shell-boring poly
chaetes is complex and species identification must be confirmed with
molecular techniques (Malan et al., 2020; Sato-Okoshi et al., 2015;
Simon and Sato-Okoshi, 2015), we did not set out to treat infestations
from any shell-boring worms in particular, but instead focused on con
trolling the suite of shell-boring polychaetes that were present in locally
farmed oysters. Our research provides shellfish growers in the Pacific
Northwest and elsewhere with effective and simple treatments that they
can test and apply on their farms with minimal product mortality and
cost.

Fig. 1. Diagram showing the infestation process by shell-boring worms on
oysters. Juvenile larvae settle on the oyster shell and undergo metamorphosis
(1), and either the juvenile or the post-metamorphic worm slowly starts dis
solving and burrowing into the shell (2). Over time, as worms grow larger, they
penetrate the inner layer of the oyster shell (3) and start accumulating mud,
feces, and debris. In response, the oyster creates a blister, which is added layers
of shell, to separate the worm and other contents from the oyster soft tissue.
Scientific illustration by Dr. Danielle Claar.

Fig. 2. Images of cultured Pacific oyster shells showing different stages of
infestation by shell-boring polychaetes. (A) Image of a healthy oyster shell, (B)
Images of an oyster shell with burrows along the edge created by shell-boring
polychaetes; note the U-shaped tracks on the expanded image, and (C) Image
of an oyster shell with advanced infestation, showing multiple blisters filled
with feces and detritus.

1982; Buschbaum et al., 2007; Riascos et al., 2008; Chambon et al.,
2007). While oyster mortality related to shell-boring polychaetes is
seldom reported (but see Loosanoff and Engle, 1943; Owen, 1957), the
parasites can make oysters more susceptible to other stressors, such as
predation, diseases, and environmental changes (Buschbaum et al.,
2007; Chambon et al., 2007; Riascos et al., 2008; Wargo and Ford,
1993).
Many of the hosts for these pests are commercially valuable species
(Blake and Evans, 1973). Examples include oysters (Crassostrea gigas,
Crassostrea virginica, Ostrea edulis, and Saccostrea glomerata; Loosanoff
and Engle, 1943; Read, 2010; Sato-Okoshi et al., 2012; Walker, 2011;
Whitelegge, 1890), mussels (Mytilus edulis, M. galloprovincialis, and
Perna canaliculus; Blake and Evans, 1973; Diez et al., 2011; Özer and
Güneydağ, 2015; Read, 2010), abalone (Haliotis rubra, Haliotis laevigata,
and H. midae; Blake and Evans, 1973; Lleonart et al., 2003; Sato-Okoshi
et al., 2012; Simon, 2011; Simon et al., 2006), and scallops (Aequipecten
tehuelchus and Argopecten purpuratus; Diez et al., 2011, Spencer et al.,
2021). Oysters that are served on the half shell are a particularly
vulnerable product, because burrows and blisters can spoil the shell’s
appearance, making them unappealing and difficult to sell to consumers
(Lunz, 1941; Morse et al., 2015). In the United States, Crassostrea gigas is
a major half shell product, and contributes over $219 million dollars
annually to the nation’s economy (Cikanek et al., 2019). Polydora web
steri was recently confirmed in C. gigas from Washington State for the
first time (Martinelli et al., 2020; Spencer et al., 2021), a state which was
responsible for 78% of the national revenue from Pacific oysters in 2013
(USDA, 2018). No treatments for shell-boring polychaete infestations

2. Methods
2.1. Treatment selection
Our treatment selection process consisted of researching and
collating treatment techniques that have been previously used in other
regions of the world (Supplementary Table S1), and soliciting feedback
from shellfish growers. We held meetings with an advisory board of
oyster growers to determine which treatments would be practical to
apply on local farms. We learned that the feasibility of treatments de
pends on the size of the farm, the facilities, personnel available, and
culture method. With this information in hand, we narrowed in on
treatments that broadly fulfilled the following conditions: (i) were
feasible for most farms regardless of the size of the farm, (ii) did not
require expensive or complicated techniques or materials, (iii) did not
2

interrupt harvesting or other processes happening on the farm, and (iv)
did not use chemicals that would need special authorization by local,
state, federal, or international agencies.
We conducted two pilot studies (Supplementary Materials 2, ‘Pilot
Studies’) that helped narrow our focus to a few effective, safe treat
ments. The final selected treatments were: (i) a drying treatment
(hereafter, “dry”) that involved placing oysters in shellfish grow-out
bags and leaving them to dry on top of a table in a room with open air
circulation for two days at ambient temperature (10–15 ◦ C), (ii) a
freshwater dip followed by drying (hereafter, “fresh–dry”) that involved
holding oysters in a bucket of fresh water (17 ± 2 ◦ C) at room temper
ature for 1 h, followed by drying for two days (10–15 ◦ C) in shellfish
grow-out bags on top of a table in a room with open air circulation, and
(iii) a refrigeration treatment (hereafter, “refrigeration”) that involved
placing oysters in shellfish grow-out bags inside a household refrigerator
(4 ◦ C) for three days, and (iv) control oysters that were held in the
seawater holding tank for the duration of the experiment with the same
seasonal conditions indicated in Table 1.

Oysters remained in the holding tank at 8 ± 0.5 ◦ C in the fall and 11 ± 0.5 ◦ C in the spring, pH = 7.5 ± 0.2, 29 ± 1 PSU, nitrates below 80 ppm.
Oysters in shellfish grow-out bags were placed on top of a table in a room with open air circulation at 10–15 ◦ C.
Oysters in shellfish grow-out bags placed in buckets with freshwater at room temperature (17 ± 2 ◦ C) for an hour. This was followed by drying (10–15 ◦ C). Oysters in shellfish grow-out
bags were placed on top of a table in a room with open air circulation at.
Oysters in shellfish grow-out bags were placed inside a refrigerator at 4 ± 0.5 ◦ C.

2.2. Oyster collection
To determine the efficacy of experimental treatments, we ran the
experimental trials twice: once in fall 2020 and once in spring 2021. We
used small to medium oysters (mean shell height ± SE = 7.94 ± 1.5 cm,
n = 656) collected from Sequim Bay, Washington State. As part of a
separate research project, we documented the prevalence of shell-boring
polychaetes across Washington and found that Pacific oysters from
Sequim Bay in the NE Olympic Peninsula, Washington (48◦ 1’ 23.76"N,
− 123◦ 0’ 0.43"W, Fig. 3) had consistently high infestation rates (average
prevalence of 75% across four sampling seasons, Martinelli et al. in
prep.). Therefore, for each experimental trial (fall and spring), we
collected 420 diploid Pacific oysters from the Jamestown S’Klallam
tribal tidelands in Sequim Bay (48◦ 1’ 23.76"N, − 123◦ 0′ 0.43"W, Fig. 3).
An additional 30 oysters were collected and examined to determine the
initial prevalence of shell-boring polychaetes in the fall. Prevalence was
calculated as the percentage of oyster individuals with at least one
burrow and/or blister (Fig. 2). We used the infestation prevalence
calculated from this initial subset of oysters (fall 2020) to perform a
power analysis to determine the minimum number of oysters needed to
detect differences in efficacy among treatments (n = 75 in each of the

98
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3 days

98
98
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Control
1) Dry
2) Fresh–dry

N/A
2 days
1 h and 2 days

No. oysters
used

Treatment
duration

Description of conditions
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Treatment

Table 1
Detail of the three experimental treatments and the control.

J.C. Martinelli et al.

Fig. 3. Map showing the location of the Pacific oyster collection site in Sequim
Bay, Washington State, USA.
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Fig. 4. Flowchart detailing the experimental design. (A) The
four treatments tested over two seasons were a dry treatment
for 2 days, a fresh–dry treatment (1 h dip in freshwater fol
lowed by 2 days of drying), a refrigeration treatment for 3
days, and a control, where oyster remained in a holding tank
during the duration of the treatments. (B) Shows the division
of animals after the treatments. This involved shucking 75
oysters per treatment to determine treatment efficacy and
conducting short-term (oxygen consumption assessment on 8
oysters) and long-term (growth on 15 oysters) physiological
assessments. Each one of these steps was performed both in
fall and spring, except for the short term oxygen consumption
assessment that was only performed in the fall.

four treatments, Supplementary materials 4, ‘Power analysis’). This
study was conducted in an aquatic facility at the School of Aquatic and
Fishery Sciences, University of Washington. For both seasons, the study
consisted of three phases: (i) the main experiment to test treatment ef
ficacy (Fig. 4A), (ii) a short post-treatment growth assessment (Fig. 4B),
(iii) and respirometry trials (Fig. 4B). Of the 420 total oysters collected,
n = 300 were used in the main treatment experiment, n = 60 were used
for the growth assessment, n = 32 other oysters were used for respi
rometry, and the remaining 28 oysters were retained as extras in case of
mortality. Each oyster (except the initial 30) was randomly assigned a
number (1–420) and labeled with a water-resistant tag so it could be
followed individually.

2.4. Assessing treatment efficacy: Oyster processing post-experiment
After the five-day recovery period, we sampled and examined 300
oysters (n = 75 from each treatment and control). We measured each
right and left oyster valve for shell height, width, and depth to the
nearest mm with a caliper, measured shell thickness to the nearest 0.02
mm (iGauging digital electronic thickness gage) and weighed shellfish
meat to the nearest mg (VWR P-Series balance). We determined whether
oyster shells were infested with shell-boring polychaetes by visually
inspecting for the presence of burrows, blisters, or both (Fig. 2). After
photographing each shell, we used pliers to break the infested shells to
check if the worms inside the burrows and blisters were alive or dead.
Worms were considered alive when they moved or responded to touch,
and dead when there were remains of decomposing tissue. Empty bur
rows without any tissue were not considered as ‘successes’ given that
these worms might have died from a different cause. Each worm (alive
or decomposing) was counted and the status of the worms (alive/dead)
was recorded.

2.3. Treatment efficacy: Set up
A 200-gal holding tank with Instant Ocean artificial seawater was
maintained without oysters for three weeks at a temperature of 8 ±
0.5 ◦ C in the fall and 11 ± 0.5 ◦ C in the spring using a Delta Star
Aqualogic cooler (DS-5-TXV). These temperatures match nearshore
Puget Sound conditions (https://seatemperature.info/) in fall (mean ±
SE = 7.7 ± 0.5 ◦ C) and spring (mean ± SE = 12.7 ± 0.5 ◦ C). We used a
salinity refractometer (AUTOUTLET handheld refractometer) with
automatic temperature compensation, and an API Saltwater master test
kit to test pH and nitrates (Table 1). We performed a water exchange of
100–150 gal of water 2–3 times per week, which is common industry
practice for holding oysters in closed seawater containers. Water pa
rameters were measured before each water change and adjustments
made as needed to maintain water chemistry. After cycling the tank for
three weeks, the 420 oysters were placed in the holding tank to accli
mate for 12 days before applying experimental treatments. During this
time, we fed the oysters three times a week with Reed Mariculture
Shellfish Diet 1800®.
After the acclimation period, all the tagged oysters were randomly
assigned to the three treatments and the control group. Of these 420
oysters, 28 were mortality extras (7 per group) that were not used, so the
numbers presented are for 392 (420 minus 28, Table 1). Each treatment
and control tank had an Onset HOBO temperature logger (waterproof
pendant model UA-001-08) that was placed in the shellfish bags or in the
experimental tank to monitor temperatures to which the oysters were
exposed during the treatments. After the treatments were applied, all the
treatment oysters were returned to the holding tank with the control
oysters. We allowed five days of recovery during which we fed the
oysters the same food at the frequency and quantity as indicated above.
Oysters were monitored daily for post-treatment mortality by checking
each individual for open valves and nonresponsiveness to touch.

2.5. Assessing short-term oyster response to treatments: Respirometry
A total of 32 oysters (n = 8 per treatment and control) were used for
respirometry trials before and after treatments only in the fall (Fig. 4B).
We used the respiration rate (RR) as a proxy for standard metabolic rate,
an indicator of oyster health, fitness, and stress (Lannig et al., 2010;
Parker et al., 2017; Pereira et al., 2020). Given that each oyster was
individually tagged, we were able to use the same individuals for the
trials before and after treatments. To measure oxygen in seawater, we
used fiber-optic oxygen probes (OXY-10 SMA G2 meter box, Dipping
Probe PSt7, Presens, Regensburg, Germany). The zero point oxygen
calibration solution was prepared by combining 1 g sodium sulfite
(Na2SO3) and 50 μl cobalt standard for ICP (II) with 100 mL of distilled
water. The 100% oxygen calibration solution was prepared using water
from the holding tank and allowed to equilibrate with the atmosphere
overnight. Oysters were starved for 48 h prior to respirometry trials to
avoid variability in respiration due to digestive metabolism (Scanes
et al., 2017). To obtain respiration rates we placed oysters into indi
vidual 625 mL airtight chambers filled with seawater from the holding
tank and fitted with PSt7, PreSens temperature and fiber-optic oxygen
probes. All probes were connected to a Presens OXY-10 SMA G2 meter
box. Respiration chambers had a magnetic spin bar and were placed on a
stirring unit to have water flow in the chambers during the oxygen
measurements. To control temperature, we submerged the chambers in
a water bath controlled by a heat pump at 11 ± 0.1 ◦ C (Aqualogic DHSP4). Dissolved oxygen and temperature readings were recorded every
second for one hour using software PreSens Measurement Studio 2
4
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(version 2.0.0.28). Care was taken to avoid air bubbles within the
chambers.
Respirometry measurements were performed two days before we
applied the treatments and five days after the treatments. Five days postrespirometry, oysters were shucked, shell measurements were obtained
(right and left oyster valve shell height, width, depth, and shell thick
ness), and wet weight of the shellfish meat was measured to the nearest
mg (VWR P-Series balance).
We converted oxygen concentration from percent oxygen saturation
to mg/L using an equation that considers temperature and salinity
(Benson and Krause Jr, 1984). A respiration rate normalized by mass
and trial time was calculated for each individual using the following
formula (Geracitano et al., 2004; Jorge et al., 2013):

differences in mean shell height, mean shell thickness, and mean soft
tissue weight between oysters exposed to different treatments and those
examined in different seasons. All analyses were carried out in R sta
tistical software, version 3.6.1 (R Core Team, 2019).
2.7.2. Assessing treatment efficacy
To assess the impact of treatments on the survival of the shell-boring
worms, we ran a generalized linear model (GLM) with a fixed effect of
treatment, a fixed effect of season (fall or spring), and fixed effects of
shell height, shell thickness, and oyster tissue weight:
SurvivingWormsij ∼ Treatmenti + Seasonj + ShellHeightij + ShellThicknessij
+ TissueWeightij

*

RR = (ΔO2 )/(Δt gWW )

where the response variableij represents the surviving worms in the jth
oyster of treatment i. The response variable was modeled as a negative
binomial distribution to account for the fact that there were many zeros
in the data. Because two out of three of our treatments had zero sur
viving worms, we used a data imputation method in which we randomly
added a single surviving worm to each treatment. We did this because
the models would not converge when treatments contained only zero
values; our analysis is therefore conservative in that it slightly un
derestimates the efficacy of each treatment in killing worms. We also
accounted for potential collinearity by checking the generalized vari
ance inflation factors (GVIFs). GVIFs are used when there is a combi
nation of categorical and continuous predictor variables. Negative
binomial models were performed using the ‘glm.nb’ function in the
‘MASS’ package in R (version 7.3-57, Venables and Ripley, 2002). GVIFs
were calculated for the final model using the ‘vif’ function in the ‘car’
package (version 3.1-0, Fox and Weisberg, 2018).

where respiration rate (RR, in mg O2 hr− 1 g− 1) is calculated using the Δ
in O2 in the chamber (mg O2 L− 1), and normalized by the time (Δt,
hours) the bivalve was respiring and the visceral mass weight of the
individual (gWW, in g).
2.6. Assessing long-term oyster response to treatments: Growth
We sought to determine whether any of the treatments differentially
impacted oyster growth over the long-term (three months posttreatment). To do this, we randomly selected 15 oysters per treatment
and control (60 per season, 120 in total) to measure shell height before
and three months after treatments (Fig. 4B). The 120 oysters were
subjected to the treatments, but instead of being lethally sampled
(shucked) to check for worm survival, they remained in the holding tank
for three months post-treatment. We measured shell height with calipers
to the nearest 0.1 mm before (‘Time 1’) and after the three months
(‘Time 2’). Water parameters and feeding schedule during the threemonth recovery period were the same as previously described.

2.8. Assessing short-term oyster response to treatments: Respirometry
Respiration rates (RR) were assessed to compare (1) physiological
effects of the presence of infestation on the oysters (i.e., RR of infested vs
non-infested oysters) and (2) physiological effects of each treatment on
experimental oysters (e.g., RR of control oysters versus RR of dry
treatment oysters). Oysters that kept their shells closed and had a RR
lower than 0.05 mg O2 h− 1 g− 1 were not included in the analyses to
avoid artificially underestimating RR. For the remaining oysters, we
used a Shapiro-Wilk’s normality test to determine whether the respira
tion rate values had a normal distribution, and Levene’s test to deter
mine if there was homogeneity of variances between treatment groups.
Next, we used two Kruskal-Wallis tests to determine: (i) whether infested
and non-infested individuals had significantly different respiration
rates, and (ii) whether the respiration rate was significantly different
between treatments. Kruskal-Wallis tests were used for testing whether
samples originated from the same distribution, and in our case, because
samples were found to be different, post-hoc comparisons were needed
to understand differences in respiration rate among treatments. For this,

2.7. Statistical analysis
2.7.1. Assessing treatment efficacy: Validating shell metrics between groups
and seasons
Since we had two shell measurements for each individual (each right
and left valve), we initially tested for a difference between the infesta
tion in right and left valves (n right = 440; n left = 454). Our results
showed that data from both valves were statistically indistinguishable
(Wilcoxon test, W = 175,800, p = 0.35), so we selected only right valves
for all comparisons and analyses to avoid duplicating results for each
individual. We used a Shapiro-Wilk’s test to determine if the shell
metrics (mean shell height, mean shell thickness, and mean soft tissue
weight) had a normal distribution and a Levene’s test to determine
homogeneity of variances between treatment groups. Next, we used a
Kruskal-Wallis test to determine whether there were significant

Table 2
Summary of oyster shell metrics and infestation prevalence across seasons and treatments. Infestation rates (“Infested oysters [%]”) refers to the proportion of oysters
with blisters or burrows indicating the presence of shell-boring polychaetes. Mean values are presented with the standard deviation and the season is indicated as F ‘fall’
and S ‘spring’.
Control (F)
Control (S)
Dry (F)
Dry (S)
Fresh–dry (F)
Fresh–dry (S)
Refrigeration (F)
Refrigeration (S)

Mean tissue weight (g)

Mean shell height (cm)

Mean shell thickness (mm)

Infested oysters (%)

Post-treatment infested oysters with live worms (%)

14.71 ± 5.94
23.06 ± 7.96
12.70 ± 5.08
24.1 ± 7.73
13.28 ± 4.83
23.03 ± 7.18
11.89 ± 5.84
22.46 ± 7.37

8.14 ± 1.12
7.81 ± 1.96
7.87 ± 1.16
7.99 ± 1.95
8.00 ± 1.13
7.61 ± 1.75
8.05 ± 1.21
7.79 ± 1.84

2.48 ± 0.95
3.23 ± 1.29
2.05 ± 0.76
3.12 ± 1.25
1.98 ± 0.70
3.16 ± 1.07
2.31 ± 0.89
3.14 ± 1.26

89%
97%
58%
96%
69%
93%
78%
93%

93%
98%
0%
0%
0.02%
0.01%
0%
0.09%
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Table 3
Results of the generalized linear model testing the effectiveness of treatments in
killing shell-boring polychaetes. Values in bold are significant.
Estimate

SE

z-value

p-value

Negative binomial, n treatments = 4, n seasons = 2, n oysters = 600
Intercept
1.06814
0.40502
2.637
Dry
− 5.83513
1.00383
− 5.813
Fresh–dry
− 5.67215
1.00326
− 5.654
Refrigeration
− 3.94189
0.41725
− 9.447
Spring
0.53299
0.17129
3.112
ShellHeight
− 0.02949
0.05197
− 0.567
ShellThickness
− 0.15263
0.07491
− 2.037
TissueWeight
0.02354
0.01108
2.124

0.00836
6.14e-09
1.57e-08
<2e-16
0.00186
0.57038
0.04162
0.03368

No. live worms/oyster

8

6

4

Fig. 6. Boxplots showing the oyster respiration rate (mg O2 hr− 1 g− 1) per
treatment. Labels “before” and “after” indicate trials conducted before and after
treatments were applied. The asterisk indicates the only group that was
significantly different from the rest.
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3. Results
3.1. Treatment efficacy: Validating shell metrics between seasons and
groups

0
Control

Dry

Fresh−dry

Because there was no difference in infestation rate between right and
left valves (Wilcoxon test, W = 175,800, p = 0.35), we selected only
right valves for treatment comparisons. Of the shell metrics we
analyzed, only shell height had a normal distribution (Shapiro-Wilk’s
test, W = 0.99, p = 0.02), while shell thickness (Shapiro-Wilk’s test, W =
0.89, p = 2.2 × 10− 16) and soft tissue weight (Shapiro-Wilk’s test, W =
0.96, p = 5.54 × 10− 12) were right-skewed. The variances between
treatments were homogenous for shell height (Levene’s test, F = 0.2071,
p = 0.8915), shell thickness (Levene’s test, F = 0.7703, p = 0.5109), and
soft tissue weight (Levene’s test, F = 1.8042, p = 0.1452). Shell height
was not significantly different between treatment groups (ANOVA, F =
2.22, df = 1, p = 0.13) and neither was the soft tissue weight (KruskalWallis rank sum test, KWχ2 = 3.59, df = 3, p = 0.31), or shell thickness
(Kruskal-Wallis rank sum test, KWχ2 = 8.07, df = 3, p = 0.04, Table 2).
Shell-boring polychaete infestation varied by season (Kruskal-Wallis
rank sum test, KWχ2 = 164.95, df = 1, p = 2.2 × 10− 16) with the number
of infested oysters being higher in the spring (fall prevalence = 72.3%,
spring prevalence = 94.9%). Shell thickness also differed between sea
sons (Kruskal-Wallis rank sum test, KWχ2 = 127.73, df = 1, p = 2.2 ×

Refrigeration

Treatment
Fig. 5. Barplot showing the number of live worms per oyster after each of the
treatments. The bars that indicate the standard deviation and seasons are colorcoded: fall 2020 is shown in light blue and spring 2021 in dark blue. (For
interpretation of the references to color in this figure legend, the reader is
referred to the web version of this article.)

we used pairwise Wilcoxon tests with a significance level of α = 0.05 to
determine which groups differed in respiration rate. To assess the impact
of the experimental treatments and infestation status (healthy or with
shell-boring worms) on the respiration rate, we ran a generalized linear
model with a fixed effect of treatment and a fixed effect of infestation
status:
RespirationRateij ∼ Treatmenti + InfestationStatusij
where the response variableij represents the respiration rate of the jth
oyster in treatment i.
2.9. Assessing long-term oyster response to treatments: Growth

Table 4
Results of the generalized linear model testing whether shell height at Time 1
(immediately after treatments), and the interaction of treatments with season,
had a significant effect on shell height at Time 2 (3 months after treatments).
Values in bold are significant.

To assess the impact of the treatments on shell height at Time 2 (3
months after treatments were applied), we ran a generalized linear
model with an interaction term for treatment (i.e., control, dry) and
season (fall or spring), and a fixed effect of shell height at Time 1 (right
after the application of treatments):

Estimate
Generalized linear model,
Intercept
ShellHeight1
Dry
Fresh–dry
Refrigeration
Spring
Dry:Spring
Fresh–dry:Spring
Refrigeration:Spring

ShellHeight2ij ∼ ShellHeight1ij + Seasonij *Treatmentij
where the response variableij represents the shell height of the jth oyster
in treatment i.
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SE

t-value

p-value

n treatments = 4, n seasons = 2, n oysters = 120
− 0.296412
0.157000
− 1.888
0.06176
1.018318
0.016160
63.013
<2e-16
0.218701
0.071137
3.074
0.00268
0.067449
0.067000
1.007
0.31637
0.241484
0.064742
3.730
0.00031
0.204758
0.067858
3.017
0.00319
− 0.169224
0.099152
− 1.707
0.09080
0.001719
0.098710
0.017
0.98614
− 0.242801
0.094391
− 2.572
0.01149
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2.09, df = 1, p = 0.1473, Supplementary Fig. S4) or between treatments
(Kruskal-Wallis rank sum test, KWχ2 = 10.98, df = 7, p = 0.139, Fig. 6).
The total mean RR for C. gigas and standard deviation were 0.13 ± 0.07
mg O2 h− 1 g− 1.
The GLM indicated that the fresh–dry treatment was the only treat
ment that significantly differed from the control, showing higher
respiration rate before the treatment application (Fig. 6). Oyster infes
tation status was not a significant predictor of RR (Supplementary
Table S2).
3.4. Assessing long-term oyster response to treatments: Growth
We monitored oyster survival and shell height during a three-month
period post-treatment for each of the two seasons (Fig. 4B). No oysters
died in the fall for any treatment, but three of 75 oysters died from the
spring dry treatment by three months post treatment. Our model testing
differences in shell height between seasons showed that results for the
spring were significantly different from the fall (Table 4, Fig. 7), where
the drying and refrigeration treatments had greater shell height than the
control across seasons (Table 4). The mean differences in shell height
between Time 2 (3 months after treatment) and Time 1 (immediately
after treatment) were − 0.13 cm for the control, − 0.06 cm for fresh–dry,
+0.083 cm for dry, and + 0.11 cm for refrigeration. If we consider this
over the 3-month time period, the oysters in the dry and refrigeration
treatments had a mean growth of 0.9 × 10− 3 cm/day and 1.2 × 10− 3
cm/day, respectively.

Fig. 7. Scatterplots showing the relationship between shell height at Time 2 (3
months after treatments) and shell height at Time 1 (immediately after treat
ments) for the fall experiment (data for spring not shown). The dashed line is a
1:1 line, and points that overlap with this line indicate the same shell height in
both time periods. Oysters from the dry and refrigeration treatments grew more
than the control and none of the treatments grew less (Table 4).

4. Discussion
Shell-boring polychaetes damage the shells and impair the health of
oysters and other bivalve shellfish, affecting profit margins of shellfish
aquaculture facilities around the world (Loosanoff and Engle, 1943;
Lunz, 1941; Morse et al., 2015; Rodewald et al., 2021; Simon, 2011;
Waser et al., 2020). These parasitic pests have recently been found in the
US Pacific Northwest (Martinelli et al., 2020), making it important to
develop treatments that mitigate the negative impacts of infestation on
product value. Several treatment options have been proposed for various
regions (Clements et al., 2017; Morse et al., 2015; Nel et al., 1996;
Spencer et al., 2021; Whitelegge, 1890), but local environmental con
ditions and regulations vary, making it necessary to test solutions under
local conditions. No treatments for shell-boring polychaete infestation
have previously been tested for the Pacific Northwest. We collaborated
with local industry partners to develop three mitigation treatments
(Table 1), two of which involved drying of the oyster for 48 h, which
proved very effective at killing live worms across two seasons (Fig. 5,
Table 3). Our experimental results further show that these simple and
accessible solutions did not negatively impact oyster respiration rate or
growth, but the dry treatment led to a small amount of oyster mortality
(4% in the spring, Figs. 5–7, Table 3–4). With these treatments, the
aquaculture industry of the Pacific Northwest is now better prepared to
control potential damage by shell-boring polychaetes.

10− 16, Table 2), with a mean thickness and standard deviation for the
spring of 3.16 ± 1.22 mm, versus 2.21 ± 0.85 mm for the fall. We also
found differences in shell weight between seasons (Kruskal-Wallis rank
sum test, KWχ2 = 232.78, df = 1, p = 2.2 × 10− 16, Table 2), where spring
oysters were significantly heavier (mean ± SD: 22.91 ± 7.57 g) than fall
oysters (13.14 ± 5.52 g). Shell height was not significantly different
between seasons (Kruskal-Wallis rank sum test, KWχ2 = 1.42, df = 1, p
= 0.23), with spring oysters measuring 7.8 ± 1.87 cm, and fall oysters
8.04 ± 1.15 cm. All groups included oysters which were infested prior to
treatments, with infestation prevalence (percentage of oysters with
blisters and/or burrows) between treatments ranging from 58% to 89%
in the fall and 93% to 97% in the spring (Table 2).
3.2. Experimental results
All three treatments were significantly more effective than the con
trol at killing shell-boring worms (Table 3, Fig. 5). The dry and fresh–dry
treatments were equally effective, killing 100% of worms, and the
refrigeration treatment killed 98% of worms. Experimental treatments
had very low worm survival with respect to the control (which had 2–8
live worms per oyster), with individual oysters showing 0, 0.1 and 0.19
live worms for the dry, fresh–dry and refrigeration treatments, respec
tively (Fig. 5). All the worms in the control group were alive in the spring
(627 live worms), and 6% of the infested control oysters in the fall had a
dead worm in addition to the live ones (211 live worms in the fall control
group).

4.1. Effective and accessible treatments to control shell-boring polychaetes
We followed the guidance of industry partners to collaboratively
decide on the treatments we would evaluate. Our results show that both
the dry and fresh–dry (Table 2) treatments worked very well (0–0.1 live
worms per oyster vs 2–8 in the control; Table 3, Fig. 5). We propose the
dry treatment as the best choice for farmers to kill the worms, since this
treatment is more practical, faster, and easier to perform compared to
other treatments. Although the fresh–dry treatment offers similar effi
cacy, the dry treatment avoids the freshwater dip step while achieving
the same results. The refrigeration treatment also successfully killed the
majority of worms, but it was less effective than the other treatments
(Tables 2 & 4) and would require substantial labor and refrigeration
capacity. The number of live worms in the refrigeration treatment was

3.3. Assessing short-term oyster response to treatments: Respirometry
Respiration rates did not have a normal distribution (Shapiro-Wilk’s
normality test, W = 0.84, p = 9.26 × 10− 7) but the variance in RR be
tween treatments was homogenous (Levene’s test, F = 1.603, p =
0.1671). The RR did not differ between oysters infested and non-infested
with shell-boring polychaetes (Kruskal-Wallis rank sum test, KWχ2 =
7
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still very low (0.19 live worms per oyster vs 2–8 in the control) so we
would not discourage its use if a farm had this capacity. Overall, these
findings suggest that the key element for success is keeping the oysters
and worms out of water for 2–3 days. While we do not have information
on worm physiology before or after treatments, we surmise that they
may have undergone desiccation or experienced osmotic stress due to
the changing conditions in their microhabitat inside the shell. Shellboring polychaetes are sensitive to desiccation (Gamble, 2016; Han
dley and Bergquist, 1997; Simon and Sato-Okoshi, 2015), changes in
salinity (Brown, 2012; Loosanoff and Engle, 1943; Lunz, 1941), and air
exposure (Handley and Bergquist, 1997). Worms are sheltered from
environmental fluctuations inside their burrows or blisters, but after a
few days of experimental drying, even their sheltered microhabitats
might change, contributing to the observed worm mortality in the
treatments.

mortality (4% in a single treatment in the spring and none in the fall),
and did not induce stress that would cause oysters to sacrifice energy
that might otherwise be allocated to growth (Pouvreau et al., 2006;
Riascos et al., 2008; Sokolova et al., 2012). Future studies could incor
porate other physiological indicators, such as valvometry and gene and
protein expression, as well as indirect indicators such as shell-repair
rates (Cross et al., 2015), to confirm these findings.
4.3. Applicability of treatments in real-world oyster farm scenarios
During conversations with our industry partners, it became clear that
there is no single treatment that will work for everyone. Oyster farms not
only vary in size (small single-family operations to multi-bay busi
nesses), culture method, and facilities available (e.g., freshwater access,
walk-in coolers), but also in environmental variability (salinity, water,
and air temperature) and the personnel available to do the work
(monitor oysters and environmental conditions). Given all these con
siderations, the treatment that is selected by a given farm will depend on
the conditions at that farm. Oyster farmers can also decide whether
worm treatments will be applied only to oysters that will be sold on the
half shell market, or to all oysters cultured (i.e., including those that are
used for grilling or jarring). Ideally, all oysters should be treated
because, even if oysters beds are designated for processing, the shellboring polychaete larvae produced from their shells can be trans
mitted to shellstock segments of the farm designated for the half shell
market. Despite the technical and site-specific challenges that can arise,
the treatments presented in this paper are simple, effective, and
chemical-free alternatives that can reduce mud blister worm infestation
in cultured Pacific oysters.

4.2. Assessing oyster health after treatments: Growth and respirometry
The treatments we developed are not only feasible for farmers and
effective at killing worms, but we also found no treatment-associated
physiological effects on Pacific oysters. While shell-boring polychaetes
need to use their host’s shell as protection from the environment, oysters
can isolate themselves from external conditions by keeping their valves
shut, and can survive up to 16 days out of water (Hopkins et al., 2016).
This ability to isolate their soft tissue from external environmental
conditions makes them more resistant to desiccation than their parasites
are. The respirometry trials showed that there were no significant dif
ferences in respiration rate between infested and non-infested oysters,
suggesting that the RR of the oysters may not be affected by the parasite.
This lack of change in RR is similar to what was found by Chambon et al.
(2007), where oxygen consumption did not increase at the tissue level in
C. gigas infested with Polydora websteri. The authors did find, however,
that valve activity was disturbed by P. websteri, leading to hyperventi
lation and oxidative stress in the heart of oysters (Chambon et al., 2007).
Therefore, it is possible that by focusing on RR and not on other pa
rameters such as valvometry (estimation of bivalve’s ability to close its
shell) we may be overlooking some of the physiological impacts of the
parasite. We found no impact of treatments on oyster RR. None of the RR
were significantly different from the control except for the fresh–dry
‘before’ treatment, which had higher RR prior to the application of the
treatment (Fig. 6). These findings indicate that (i) the impact of the
parasite on oyster RR is minimal as we found no differences in oxygen
consumption between infested and non-infested groups, and (ii) the
impact of treatments on RR is also minimal or negligible. Finally, it is
worth noting that these RR rates probably include worm respiration as
well as oyster respiration, since worms were in the chamber within the
oyster. Given their very small body size relative to the host, however, the
influence of worms is probably minimal.
We also investigated change in shell height over 3 months as an in
dicator of growth rate, and found that the fall oysters from the dry and
refrigeration treatments showed slightly higher growth than oysters in
the control treatment, while oysters in the fresh–dry treatment were not
different from the control group. None of the treatments showed higher
or lower growth in the spring relative to the control (Tables 4, Fig. 5).
This growth assessment rules out treatment effects, and it also suggests
that shell-boring polychaete presence is unrelated to oyster growth. It is
important to note that other researchers have found significant de
creases in body size (measured as the weight of the oyster flesh, Riascos
et al., 2008) in response to infestation. In our case, it is possible that the
degree of parasitism (Handley and Bergquist, 1997) of shell-boring
worms in these oysters is relatively low (class 2–3, 10–25% of surface
infested) compared to the higher degree of parasitism found in oysters
from other studies (class 4, >25% of surface infested; e.g. Chambon
et al., 2007; Riascos et al., 2008). Overall, these findings show that in the
highly infested oysters examined (with 84% prevalence across treat
ments but only burrows and no blisters), the treatments led to minimal

4.4. Frequency of treatments, monitoring, and other recommendations
Oyster growers considering how to apply these treatments to their
farms face choices about the frequency of the treatments, how to
monitor their efficacy, and the presence of other shellfish in the farm
that might also be or become infested. The frequency of treatments will
depend on whether the oysters have a moderate burden of shell-boring
polychaetes (where oysters have primarily burrows and not blisters,
Fig. 2), or more severe infestations (where oysters have blisters and have
stopped growing, or have lower body condition index (CI), CI: soft tissue
vol/total oyster vol, see Zeng and Yang, 2021 for a recent review). In
regions with warmer water, such as Hawai’i, some shellfish growers
have reported needing to apply treatments as often as monthly or weekly
(David Anderson, pers. comm.).
After a treatment is implemented, it is important to check regularly
for changes to both treated and untreated oysters. Based on our ongoing
research, we suggest that 25–30 oysters from different grow-out areas be
shucked every few months to check whether infestation rates are
changing, and also to detect early infestation stages that can be treated
immediately. There may also be seasonal or environmentally-induced
changes to mud worm infestation rates that are important for each
farmer to monitor. For example, shell-boring polychaetes tend to spawn
in warmer months (Cole et al., 2020), so it is possible that infestations
will spike the following season, after the larvae have settled and the
young recruits have grown up. Understanding annual patterns and local
environmental conditions can help farmers to finetune the timing of the
application of treatments for maximum benefits. Finally, infested oysters
that go untreated can not only act as a reservoir for worms that infest
other oysters, but they can also put other bivalve shellfish species and
farmed bivalve products at risk, such as clams and native Olympia
oysters (Ostrea lurida; Spencer et al., 2021). Farmers should consider
properly handling of infested oyster shells (letting shells dry on land and
complying with state or local regulations) from a given bed to avoid
introducing a source of worms larvae (Clements et al., 2017; Cole et al.,
2020; Dorgan et al., 2021). The treatments we propose here have not
been tested on other bivalve species growing in the Pacific Northwest, so
8
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we cannot advise on their use, or confirm there will be no mortality or
stress associated with applying these treatments to species with different
physiological tolerances.
Shell-boring polychaetes and other related genera have been
responsible for economic losses in oyster aquaculture industries around
the world (Morse et al., 2015; Read, 2010; Rodewald et al., 2021; SatoOkoshi et al., 2017, 2012; Simon, 2011; Walker, 2011; Whitelegge,
1890). If this pest is left unchecked it could potentially cause economic
losses to shellfish farms. Here we offer simple and efficient treatments
that can be used to control shell-boring polychaetes. By offering guid
ance and solutions while shell-boring polychaete infestation rates
remain relatively low, we hope to help farmers minimize outbreaks and
economic losses in the US West coast bivalve aquaculture industry.
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